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Abstract: Lignin is the most abundant heteropolymer based on aromatic subunits in nature. Large quantities of lignin are annually produced from pulping processes and biorefinery industries. Its unclearly defined structure and difficult biodegradation mainly limit its utilization. This work focused on the effect of hydroxylation of lignin on its microbial degradation. Butyloxy carbonyl-modified lignin, and hydroxylated-lignin were synthesized with di-tert-butyl dicarbonate and hydrogen peroxide, respectively, using lignin as raw material. The degradation of the modified-lignins both by P. chrysosporium and B. subtilis were analyzed using UV-vis spectroscopy. Results revealed that the lignin degradation velocity raises with the increase hydroxylation level of lignin. Moreover, FTIR and 1H NMR analysis of the biodegradation products of lignin further indicated that higher content of hydroxyl groups in lignin facilitated the demethylation combined with the aromatic ring cracking in the presence of fungus and bacteria.
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1  Introduction

Lignin, a naturally occurring aromatic heteropolymer, is one of most abundant renewable biopolymers. Huge amount of lignin generated from numerous pulping processes and biorefinery industries, are usually being discharged as sewage causing environment pollution. For instance, its dark color reduces oxygen availability for aquatic organisms [1–3]. At present, lignin is mainly used for combustion to produce power, however, only 2% of lignin is used as commercial products, such as adhesives and dispersants [4]. Unfortunately, the resistance of lignin to breakdown is one of the major bottlenecks in the process because of its complex chemical structure and high stability of bonds [5]. There are many methods for the separation of lignin, including acid method, alkali method and so on. Alkali lignin, containing more methoxyl groups, less alcoholic hydroxyl groups, numerous guaiacyl and a small quantity of syringyl, is separated with lignin through alkali treatment. It has the same low reactivity as original lignin [6]. In addition, its heterogeneous structure and diversification after separation and fragmentation processes, lead to the difficulty of its commercial applications and reduce the utilization value of lignin [1]. Thus, development of efficient modification technologies of lignin for value-added applications is highly desired in recent years.

Copolymerization of lignin with other polymers is an approach to increasing the commercial potential of industrial lignin [7]. Hydroxyl moieties, acting as the key reactive functional groups in lignin, make lignin relatively polar to have a better compatibility with polar polymers. The lignin possessing higher content of hydroxyls exert more reactivity and yield higher crosslinking density when reacted with other materials [8]. Consequently, the reactivity of lignin can be regulated by modification of its -OH content. However, previous studies focused on the reactivity of lignin during the process of its chemically modification, while neglect its degradation, particularly biodegradation. Nowadays, biological degradation by some microorganisms is becoming a great alternative due to its economical and eco-friendly merits in comparison with traditional physical and chemical depolymerization of lignin [9].

Meanwhile, considering the incompatibility of lignin with other non-polar thermoplastic materials due to its high polar, many scientists tried to modify lignin by capping its hydroxyl groups such as alkylation and acetylation [8]. However, there are few researches on the relationship between biodegradation and structural modification especially the hydroxylation of lignin in recent studies. In our previous work, we have synthesized a new type of modified Butyloxy carbonyl (Boc)-modified lignin (BOC-lignin) with di-tert-butyl dicarbonate ((Boc)2O) to protect the free hydroxyls. However, we found that the presence of Boc groups in lignin significantly inhibited the lignin degradation by white rot fungus Phanerochaete chrysosporium [10]. Therefore, we assume that changing the content of hydroxyl groups in lignin framework might have impacts on its depolymerization by microorganisms. In order to validate this assumption, herein we described the modification of lignin with hydroxylation and explored the biodegradability of hydroxylated product compared with the control experiments of BOC-lignin and unmodified lignin with P. chrysosporium and Bacillus subtilis as well. The present work focused on the relationship between structural modification and biodegradation of lignin, and further discussed its biodegradation mechanism.

2  Experiment

2.1 Materials

Alkali lignin and other common chemicals were purchased from Aladdin (Shanghai, China). Di-tert-butyl dicarbonate (Boc2O) was purchased from Sigma Aldrichh (St Louis, MO, USA). The white rot fungus P. chrysosporium (ATCC 24725) and bacteria B. subtilis (ACCC 11089) were both purchased from Guangdong culture collection center.

2.2 Procedure for Modification of Lignins

Hydroxylated-lignin, namely OH-lignin (Fig. 1A), was prepared according to the reported method [11]. Here, the unsaturated hydrocarbon on -C5 of the benzene ring in lignin is hydroxylated to form aliphatic hydroxyl groups. Briefly, 1.0 g of alkali-lignin was dissolved in 10 ml NaOH solution (1 wt%), and then 30 mg Fe(OH)3 catalyst and 1.1 mL H2O2 solution (30%) were subsequently added. The mixture was stirred at 60°C for 1 h and then was centrifuged to remove the catalyst. The pH was adjusted to 2–3 with 2.0 mol/L HCl to precipitate the hydroxylated lignin. The hydroxyl-modified lignin was obtained with centrifugation and washed with deionized water till the filtrate become neutral. Finally, the lignin was freeze-dried in vacuum for next use.
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Figure 1: Preparation and structure of OH-lignin (A) and BOC-lignin (B)

BOC-lignin (Fig. 1B) was synthesized according to previously described protocols [10]. The phenol hydroxyl group on -C1 and alcohol hydroxyl group on -C4 of the benzene ring in lignin are protected by the BOC group. Accordingly, 1.0 g of alkali-lignin was mixed with 5 ml NaOH (2.0 mol/L) and 2.5 ml (Boc)2O. The mixture was stirred in an ice-water bath with the addition of 4-dimethylaminopyridine (DMAP) and then was warmed to room temperature. Then the pH value of the mixture was adjusted to 2–3 with 2.0 mol/L HCl. The modified lignin was isolated by centrifugation and washed thoroughly with deionized water. The product was freeze-dried in vacuum to set aside.

2.3 Strains and Culture Conditions
1.    P. chrysosporium was inoculated in malt-agar medium containing (g/L): glucose, 10.0; malt extract, 10.0; peptone, 2.0; yeast extract, 2.0; asparagine, l.0; KH2PO4, 2.0; MgSO4·7H2O, l.0; thiamin-HC1, 0.001 and agar, 20.0 [12]. After 7 days of growth in solid medium at 39°C, the spores on the agar were suspended in the sterile water and adjusted the concentration to 5.0 × 106 spores/ml.

2.    B. subtilis was inoculated in minimal salt medium (MSM)-agar medium for 3 days at 30°C. The MSM-agar medium consisted of (g/L): Na2HPO4, 2.4; K2HPO4, 2.0; NH4NO3, 0.1; CaCl2, 0.01; MgSO4, 0.01; peptone, 5.0; glucose, 10.0 and agar, 15.0 [13]. After that the bacterial colonies were transformed into MSM-broth and incubated at 30°C in rotary shaking incubator under aerobic condition overnight until the OD600 of inoculum reached approximately 1.2.

2.4 Biodegradation Experiments

Lignin biodegradation of fungi was carried out in Kirk’s nitrogen limitation cultures in the absence of veratryl alcohol [14]. Lignin (1.0 g/L) was dissolved in dimethyl sulfoxide (DMSO) and filtered to eliminate bacteria before adding to the culture. The final concentration of DMSO in the culture was 0.25%.

Rubber-stoppered Erlenmeyer conical flasks (200 mL) containing 50 ml of Kirk’s nitrogen limitation cultures (pH was adjusted to 4.5 with H3PO4) were inoculated with 5 mL of spore suspension under 100% oxygen. The uninoculated (control) and spores inoculated flakes were incubated at 39°C for 15 days without shaking and flushed with pure oxygen every day.

The bacterial degradation experiment was studied in 100 mL MSM culture as mentioned above containing 500 mg/L lignin in 250-ml Erlenmeyer flasks [13]. 1 ml of bacterial culture was added to each culture, and the pH was adjusted to 7.6. Lignin degradation was carried out at 30°C in rotary shaking incubator (120 rpm) under aerobic condition for 15 days. Uninoculated medium was used as control in all cases.

2.5 Determination of Cell Growth

The growth of P. chrysosporium was measured in term of increase in mycelium weights. Briefly, a certain volume of homogenized culture was collected every day and suction filtered by glass fiber filter. Then the filtered culture was washed three times with PBS and was dried overnight for weighting mycelium dry weights [15]. B. subtilis growth was determined by measuring degraded culture absorbance at 600 nm with spectrophotometer using uninoculated medium as blank.

2.6 UV-Visible Assay for Lignin Degradation

The amount of lignin remaining was determined with UV-visible spectrophotometer (UV-2550, Beijing Persee General Instrument Ltd., Beijing) [14]. Samples (0.5 ml) were taken every 24 h intervals. The cultures were sonicated for 30 s and added in 4.5 ml of 0.55% (w/v) NaOH to precipitate mycelia and protein. Then, the samples were centrifuged to remove insoluble solids. The supernatants were used to determine the content of lignin at 280 nm [16]. Each sample was measured three times.

2.7 Analysis of Fourier Transform Infrared (FTIR) and 1H NMR Spectroscopy

Samples before and after 15 days of biodegradation were sonicated and centrifuged. The supernatants were adjusted pH to 1–2 with HCl and extracted with the equal volume of ethyl acetate for three times. Finally, the ethyl acetate was evaporated from the sample under rotary drying vacuum pump.

Infrared spectrophotometer was used to investigate the changes of functional groups on the surface of lignin after degradation. The sample for the FTIR measurement was prepared by adding a small amount of the resultant sample into KBr to make the pellet within the spectral range of 4000–500 cm−1 using infrared spectrometer (SX2-4-10NP, Yiheng Scientific Instrument Co., Ltd., Shanghai). The 1H NMR spectra of lignin was recorded on Bruker 300 MHz (Bruker Science and Technology, Ltd., Brucker, Switzerland) using d6-DMSO as solvent. Each sample was measured three times. Finally, the aromatic nucleus peak was as a constant peak and set to 1. Then it was used to calculate the ratio of other peaks of protons in lignin.

3  Results and Discussion

3.1 Modification of Lignin

BOC modified lignin (BOC-lignin) and hydroxylated lignin (OH-lignin) were synthesized with di-tert-butyl dicarbonate ((Boc)2O) and hydrogen peroxide (H2O2), respectively, using alkali lignin as the raw material. The 1H NMR spectra of lignin, BOC-lignin, and OH-lignin are shown in Fig. 2. The peaks area of the aromatic protons of two modified lignins are both decreased, indicating that the changes of structure. Clearly, Fig. 2 shows that -BOC groups on BOC-lignin, and -OCH3 groups which are specific to lignin disappeared on OH-lignin, suggesting that -OCH3 groups of lignin may be cracked by H2O2. However, the peaks of hydroxyl groups were not observed on the 1H NMR spectrum, which may be due to trace amount H2O existed in the deuterated solvent.
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Figure 2: 1H NMR spectrum of modified alkali lignins

3.2 Cell Growth with Lignin Addition

The fungal and bacterial cells growth curves during the biodegradation course are shown in Fig. 3. We can see that the growth rate of P. chrysosporium and B. subtilis was both increased in the presence of OH-lignin, whereas, there is no obvious difference in lignin and BOC-lignin. It follows that OH-lignin provides a better carbon source for the growth of bacteria and fungi.
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Figure 3: Growth curve of P. chrysosporium (A) and B. subtilis (B) during course of lignin biodegradation

3.3 Lignin Biodegradation Studies

The organisms primarily responsible for biodegradation of lignin are white-rot fungi (especially P. chrysosporium) [17]. Recently, bacteria degradation seems to be more significant because of their higher environmental compatibility and biochemical versatility [16]. Some bacteria species have been reported to have the ability to degrade lignin, such as Bacillus sp. [18]. Here, we selected P. chrysosporium and B. subtilis to explore the effect of hydroxylated modification on lignin degradation by fungi and bacteria.

UV-vis spectrophotometer was used to determine the extent of degradation for different modified lignin samples. The degradation curves are shown in Fig. 4. All microbial treatments after 15 days showed a significant lignin degradation. In P. chrysosporium, an obvious decrease in lignin was observed after a 4-day lag period, coinciding with ligninase activity appeared at the 4th day [12]. Within 15 days, lignin, BOC-lignin and OH-lignin was degraded approximately 23.6%, 17.0%, 30.3%, respectively. And in B. subtilis, lignin was rapidly degraded after 1 day, and approximately 17.3% for lignin, 11.4% for Boc-lignin and 24.6% for OH-lignin within 15 days. There were no obvious changes for the control groups (data was not given). We can see that the OH-lignin was the most degradable lignin among the three forms of lignin both by fungus and bacteria. However, the degradation rate of BOC-lignin, with its hydroxylation level reduced, was the lowest. The result is consistent with the proposed enzyme mediated breakdown oxidative mechanism, which is initiated from hydroxyl groups [19,20].
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Figure 4: The UV spectrum of lignins degraded by P. chrysosporium (A) and B. subtilis (B)

3.4 Degradation Products Analysis

Fourier transform infrared spectrometer (FTIR) has been widely used in qualitative or quantitative analysis of lignin due to its advantages of large luminous flux, high resolution, high precision and wide spectral range. Further, to have a better understanding of the biodegradation process in the three lignins, we carried out the degradation products analysis by FTIR. The results are shown in Fig. 5. After lignin was degraded by P. chrysosporium, we can see an obvious decline of the strong absorption peak around 3400 cm−1 and 2900 cm−1 in OH-lignin compared with the other two lignins, which are assigned to the aromatic and aliphatic -OH stretching and the -CH stretching in -CH2-, -CH3 and -CH- groups, respectively, indicating that more methoxy groups may be removed from OH-lignin in the degradation process [21]. In addition, many well-defined peaks in the fingerprint region between 1800 and 600 cm−1 and apparent differences both in the absorbencies and shapes of the bands can be found in Fig. 4. Specifically, the intensities of the absorption bands around 1730 cm−1 decreased obviously, which are due to C=O stretching of acetyl or carboxylic acid, showing that an oxidation process was occurred [22]. This is also a decline around the peak 1600 cm−1, which is assigned to aromatic skeleton vibrations, meaning that the aromatic ring chain was destroyed or replaced [23]. While, a significant reduction was seen around the band 1260 cm−1, which represents the C-O stretching in guaiacyl aromatic methoxyl groups [22]. The absorption peaks of the bonds at their respective corresponding location mentioned above reduced the most in OH-lignin, while the least in BOC-lignin. In conclusion, more demethylation, oxidation and aromatic ring cracking reactions occurred during the lignin degradation process with high hydroxyl content. However, the lignin degradation mechanism by some fungi is different from that of white rot fungi, such as the brown rot fungi, there has been a rise of the phenolic hydroxyl due to the formation of new carbonyl and carboxyl groups, besides, the aromatic ring structure was not destroyed [24]. The results in bacteria B. subtilis were consistent with those in fungi except that the bacteria had a weaker lignin degradation ability. High active radicals are produced via oxidative reactions during the process of lignin degradation by bacteria, facilitating the cracking of the aromatic ring. The C4-ether and Cα-Cβ bonds of lignin are destroyed to give aldehydes as the products. Besides, the radicals have the ability to demethoxylate the rings, producing methanol as the main product [24].
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Figure 5: FTIR spectrum of lignin samples before (1) and after P. chrysosporium (2) and B. subtilis (3) degraded: (A) lignin; (B) BOC-lignin; (C) OH-lignin

Additionally, the three lignin samples before and after degraded by P. chrysosporium and B. subtilis were analyzed in d6-DMSO solvent via 1H NMR spectra. The absorption at 1.20, 1.97, 2.50, 3.33, and 4.03 ppm representing ethyl acetate and DMSO was deducted. The characteristic absorption peak of methoxyl group is disturbed by the peak of water, so we have not discussed it here. From Fig. 6, we can see that all kinds of lignin were degraded in the process of biodegradation, and more NMR absorption peaks appeared after fungal degradation. The absorption peaks of protons was summarized in Tab. 1, we can see that after fungi and bacteria degradation, the percentage of protons on the same chemical shift is different, indicating that the degradation level of modified lignins is different. In P. chrysosporium, the proton percentages of aromatic nucleus reduced 53.4%, 37.8%, 35.0% in OH-lignin, lignin, BOC-lignin, respectively, and 31.4%, 16.0%, 16.9% in B. subtilis, proving that more aromatic ring cracking during OH-lignin degradation process. Correspondingly, more aliphatic compounds (2.2-fold, 1.4-fold, 0.5-fold increase in OH-lignin, lignin, BOC-lignin respectively in P. chrysosporium, and 2.2-fold, 0.9-fold, 0.3-fold in B. subtilis) were generated in the process of lignin decay. However, during the degradation process of BOC-lignin, there exerted more phenyl H in side chain and β-O-4 ether bond, which is the most abundant inter-unit linkages in lignin responsible for the connection of the Cβ of one unit and the phenolic hydroxyl of the other [25], indicating that the decayed BOC-lignin maybe repolymerized. Combined with the above FTIR results, we can draw the conclusion that more demethylation, oxidation and aromatic ring fracture chemical reactions were involved in the degradation process of lignin with more hydroxyls.
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Figure 6: 1H NMR of lignin before and after degradation by fungi and bacteria
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Fungi and bacterial catabolic lignin through several pathways, including β-aryl ether degradation, diarylpropane degradation, biphenyl degradation, phenylcoumarane and pinoresinol lignin degradation, oxidative cleavage of protocatechuic acid and so on. Many of these metabolic pathways product vanillin or its oxidation form vanillic acid, and then is converted to protocatechuic acid by demethylation. In white-rot fungi and some bacteria, the metabolic pathways occur primarily via Cα-Cβ oxidative cleavage, catalysing by certain enzymes such as lignin peroxidase in fungi and lignostilbene dioxygenase in bacteria. Protocatechuic acid can be finally degraded by way of oxidative ring cleavage [17].

4  Conclusion

Boc modified lignin and hydroxylated lignin was synthesized under mild conditions with (Boc)2O and H2O2 respectively to change the hydroxylation level. The effect of hydroxylation level on lignin degradation by microbial was studied here for the first time. We found that the higher content of hydroxyl groups in lignin has prompted the biodegradation of lignin, along with more demethylation, oxidation and aromatic ring cracking reactions during the degradation process both in fungi and bacteria. This finding gives us an important implication to the future research on green plastics with modified lignin that we should develop new methods of lignin modification in order to achieve high microbial degradation efficiency and high versatile utilization value.
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